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a b s t r a c t
Biophysical and biochemical characteristics of a spontaneous “mutant” strain (IM) of Chlamydomonas reinhardtii
were quantiﬁed and compared with its progenitor (KO), a “knock-out” mutant with defects in phototaxis, and to
its wild-type (WT); defects were shown to be preserved in the IM mutant. Growth curves showed that IM
cultivated under mixotrophic conditions (TAP medium) and low light (10 and 20 μmol photons m−2 s−1), had
5–27% higher dry cell weight than WT and KO. This advantage was most likely attributable to increased acetate
metabolism because it was not observed under purely photoautotrophic conditions using high salt minimal
medium. Further characterization of these strains grown under mixotrophic conditions revealed several other
unique features for the KO and IM mutant strains. Speciﬁcally, the IM and KO cells, grown under
60 μmol photons m−2 s−1, showed higher rates of net oxygen evolution and respiration than the WT cells.
Further, the slow (minute range) SM rise phase of chlorophyll a ﬂuorescence transient was much reduced in
IM cells, which has been ascribed to a regulatory event, labeled as “state 2 to state 1 transition”. Additionally,
modulated ﬂuorescence measurements showed that, when the IM strain is grown under low light, nonphotochemical quenching of excited chlorophyll rises faster and recovers faster than in the other strains. Finally,
compared to the WT, IM cells had a higher amount of metabolites related to carbon metabolism and protection
against oxidative stress. These results suggest that the IM strain of C. reinhardtii has unique features that may be
advantageous for improving algal biofuel production under mixotrophic conditions, such as algae cultivated in
conjunction with wastewater treatment.
© 2015 Published by Elsevier B.V.

1. Introduction
Algae represent a promising new source of feedstock for the production of various renewable liquid biofuels [1,2] or hydrogen [3–5] with a
low carbon footprint. Their diverse metabolic capability also makes
algae a unique and versatile “crop” to produce various food ingredients,
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nutraceuticals, pharmaceuticals and animal feed [6]. Algae have several
key advantages, including higher growth rates than terrestrial plants,
the ability to grow on marginal lands and in low quality water sources,
as well as the ability to take up excess nutrients from wastewater and
eutrophic water sources [7], which provides important water quality
beneﬁts. Despite these signiﬁcant advantages, the promise of algae for
clean energy resources remains largely unfulﬁlled due to several practical bottlenecks in the production process. One important issue for the
success of large-scale algal biomass production is maximizing biomass
production under light limited conditions [8–10]. Due to rapid light
attenuation in dense algal cultures, resulting from light absorption and
scattering, signiﬁcant spatial heterogeneity of light intensities occurs inside most photobioreactors. Cells at the lighted surface can be damaged
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by excess light (through photoinhibition) [11] and lose absorbed
radiant energy to heat dissipation. In contrast, cells located deeper in
the culture may experience light limitations that would decrease cell
growth. In addition, cultures grown in natural sunlight experience
diurnal and seasonal ﬂuctuations in lighting that have prolonged
periods of low light intensity. Genetic and molecular studies have led
to the development of strains that can tolerate high light and have better growth under high irradiance. For example, truncated antenna in
algae can help improve light utilization efﬁciency by decreasing light
absorption in the top layer cells, and enabling light to penetrate deeper
into the cultures [12–17]. On the other hand, developing algal strains
that increase biomass production under low light conditions is also
advantageous because there are likely to be periods and places of low
irradiance in large-scale algal production systems.
Another important issue for improving the feasibility of algal
biofuels is to facilitate better integration with wastewater treatment.
Cultivation of algae in wastewater has been considered as one of the
most promising pathways to efﬁciently and economically produce
algal biofuels [7,18]. Wastewater provides low-cost or, even free nutrient and water resources, as well as dual purpose infrastructure that
can signiﬁcantly reduce the net cost of algal biofuel production. For
example, a recent comprehensive report by Lundquist et al. [19] showed
that algal biofuels made with purchased inputs would exceed $400/
barrel, but integration with wastewater inputs and infrastructure
could lower the net costs of algal biofuel production to less than $30/
barrel. To take better advantage of the potential synergies between
wastewater treatment and algal biofuel production, algae strains are
needed that have enhanced growth under mixotrophic conditions
because wastewaters generally contain signiﬁcant amounts of organic
carbon. In addition, algal strains that grow well under low light conditions are also advantageous for cultivating algae in wastewater, which
generally have higher turbidity and reduced light penetration.
We have chosen for our work a model green alga Chlamydomonas
reinhardtii [20] in view of extensive prior knowledge and known
advantages (see e.g., [21–23]). In particular, we note its advantage for
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biohydrogen production, when grown mixotrophically [24]. We present
here our results from a variety of biophysical and biochemical characterization for three different strains of C. reinhardtii, a photoautotrophic
green alga that can be also grown mixotrophically in acetatesupplemented media, such as Tris–acetate–phosphate (TAP). These
algae remain green and retain normally developed chloroplasts under
various growth conditions, due to their ability to use different reduced
carbon sources, such as endogenous starch accumulated in the chloroplast during exposure to light, or exogenous organic carbon compounds
like acetate, assimilated in the cytosol. This metabolic ﬂexibility is due to
a strong interaction between photosynthetic and non-photosynthetic
carbon metabolisms (see Fig. 1). For information on their metabolism,
see e.g., Boyle and Morgan [25] and Spijkerman [26], and for an extensive overview of the molecular biology of Chlamydomonas, see chapters
in Rochaix et al. (eds.) [27].
A spontaneous “mutant” strain of C. reinhardtii, which we refer to as
“IM” (for “immortal”), was discovered in our laboratory, which
exhibits improved biomass production under low light intensity and
mixotrophic conditions, which are advantageous features for algal biofuel production combined with wastewater treatment. The IM strain
was obtained from a culture of the previously described knockout
ptx2 mutant of C. reinhardtii (KO), which has defects in both phototaxis
and photoshock responses related to impairment of light-induced
ﬂagellar currents [28]. The IM strain arose spontaneously after a longterm storage of KO cells, on a selective medium, in dim room light. In
this study, we have investigated and compared the biophysical and
biochemical characteristics of the IM strain, its progenitor, KO, and its
wild type, WT, when grown under different light intensities, and
under mixotrophic conditions, to better characterize the special features
of the IM cells. By elucidating the distinctive characteristics of the IM
and KO mutants, we provide useful insights on potential ways to
improve practical algal biofuel production systems.
In order to better understand some of the measurements presented
herein, such as chlorophyll ﬂuorescence transient data, we provide a
brief background on electron transfer pathways and carbon assimilation

Fig. 1. Electron transfer pathways and carbon assimilation in the chloroplast of a mixotrophically (acetate) grown Chlamydomonas reinhardtii, and their interaction with mitochondrion.
See text for further details.
Modiﬁed from Alric 2010 [29]. (For interpretation of the references to color in this ﬁgure, the reader is referred to the web version of this article.)
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in the chloroplasts of Chlamydomonas cells, as shown in Fig. 1, which is
adapted from Alric [29]. When a chloroplast is illuminated, the antenna
of both photosystems, PSI and PSII, absorb light energy that is
transferred rapidly to their reaction centers, P680 (PSII) and P700
(PSI), where primary charge separation (photochemistry) is initiated,
followed by a chain of redox reactions. PSII ultimately oxidizes water
and reduces electron carriers in the cytochrome (Cyt) b6/f, whereas
PSI oxidizes Cyt b6/f, and reduces nicotinamide adenine dinucleotide
phosphate (NADP +) to NADPH. In addition to the linear electron
ﬂow, ferredoxin-mediated cyclic electron ﬂow also occurs around PSI
(shown with a green arrow in Fig. 1). Further, a proton motive force,
pmf (i.e., a pH gradient, ΔpH, plus a membrane potential, ΔΨ) is built
across the thylakoid membrane during photosynthetic electron transfer, which is then used for ATP synthesis. The resulting NADPH and
ATP are used in the Calvin–Benson cycle for CO2 ﬁxation that leads to
the formation of sugars and starch. In mitochondria, acetate (both
from the growth medium and that formed from glycolysis) is assimilated via acetyl-CoA into the Krebs (tricarboxylic acid) cycle. Extra NADPH
and ATP can also be produced through starch breakdown in the chloroplast stroma; in addition, ATP may be produced through glycolysis in
the cytosol [30]. Moreover, when respiration is inhibited, malate can
accumulate in the mitochondrion, and be transferred to the chloroplast
by a reversible malate/oxaloacetate shuttle, which generates extra
NADPH. The excess reducing power can be transferred to the plastoquinone (PQ) pool via a monomeric type-II NADH in Chlamydomonas (i.e.,
NDA2, see [31]), and dissipated through the activity of plastid terminal
oxidase (PTOX).
In summary, cooperation of two light reactions and two pigment
systems leads to the production of reducing power (in the form of
NADPH) and ATP, which are both subsequently used in the carbonﬁxation pathway leading to the formation of carbohydrates. In Fig. 1,
we also show that there is an interaction between chloroplasts and
mitochondria, where acetate from the culture medium for growing
Chlamydomonas may ﬁt into the highlighted metabolic pathways.

2. Materials and methods
2.1. Algal strains and culture media
The wild type (WT) strain used was C. reinhardtii CC124. Pazour et al.
[28] had previously constructed a knockout mutant (KO) of
C. reinhardtii by insertional mutagenesis of the WT, which was totally
deﬁcient in light-induced ﬂagellar currents. This KO strain is the progenitor of the spontaneous “immortal mutant” (IM) strain used in this
study, which was discovered, in our laboratory, from a discarded KO
culture that had a single surviving colony. “IM” appeared, in a sealed
petri dish with selective agar medium, after a long period of storage
under low and intermittent room light [32].1
All three strains of C. reinhardtii were maintained under room
light (~ 30 μmol photons m− 2 s− 1), at ~ 25 °C, and on tris–acetate–
phosphate (TAP) agar culture medium plates (20 mM Tris(tris
(hydroxymethyl)aminomethane); 17.4 mM acetate; 7 mM NH 4Cl;
0.4 mM MgSO 4; 0.3 mM CaCl2 ; 1 mM phosphate buffer; 1 ml/l
Hutner's trace metal solution; 15 g/l Bacto agar). Prior to each experiment, algal colonies from the agar plates were used to inoculate
stock cultures made in 250 ml Erlenmeyer ﬂasks with 50 ml of liquid
TAP medium (without Bacto agar) that were mixed on an orbital
shaker at 24 °C under 20 μmol photons m− 2 s− 1 of photosynthetically active radiation (PAR) provided by ﬂuorescent lamps. High salt
minimal medium (HSM), of the same composition as the TAP medium,
but without acetate (where the ﬁnal pH = 7 was adjusted using HCl),
was also used for the measurement of growth curves. However, unless
1
A preliminary report on the “IM” mutant was ﬁrst presented by Zhou et al. [32] at the
15th International Conference on Photosynthesis in Beijing, China.

speciﬁcally noted otherwise, all the other experiments presented below
were done with algae suspended in TAP medium.
2.2. Phototaxis assays
For phototaxis experiments, all three Chlamydomonas strains were
grown using 50 ml of TAP medium in 125 ml Erlenmeyer ﬂasks for
seven days with continuous ﬂuorescent lighting at 760 lm. The number
of cells were counted, and then diluted to a concentration of
4 × 106 cells/ml in small glass tubes holding 5 ml aliquots. Four replicates of each strain were dark-adapted for at least 1 h prior to testing
for phototaxis. The procedure used to determine phototaxis properties
of the algae was similar to that reported previously by Pazour et al.
[28]. Initially, each sample was shaken 8 times in the tubes, to ensure
a uniform initial distribution of the cells. Then, the tubes were placed
60 cm away from a 250 W halogen bulb (intensity of 305 lm) and irradiated for 3 min. When phototaxis is normal, a clear band is supposed to
form at the back of the tube, as the cells swim to the backside of the tube
and form a tight vertical band on the glass. Cells that do not exhibit this
phototaxic response can be readily identiﬁed as having phototaxis
defects. This process was repeated with samples situated also at
30 cm from the light source (intensity: 1430 lm).
2.3. Algal growth curves under different light intensities
2.3.1. Mixotrophic cultivation
WT, KO and IM cells were grown in TAP medium at three different
light intensities: 10 ± 1, 20 ± 2 and 640 ± 5 μmol photons m−2 s−1,
where the average and standard deviation of these light intensities
were determined by measurements at least at 9 positions covering the
locations of various culture ﬂasks on the shaker table. For the lowest
light intensity experiments, light was produced by two 25 W ﬂuorescent lamps. Four 25 W ﬂuorescent lamps were placed on top of a shaker
table to produce 20 μmol photons m−2 s−1. For the highest light intensity, six 42 W compact ﬂuorescent bulbs were placed directly over each
culture ﬂask. Culture ﬂask positions were also rotated regularly to minimize any differences in light intensity. For growth experiments, cultivation of each algal strain was initiated in duplicate with a starting cell
density of 10,000 cells/ml. Cell growth was measured as dry cell weight,
and duplicate measurements of samples from each culture ﬂask were
averaged to determine the growth curves for each strain and each lighting condition. Dry cell weight was measured as total suspended solids
according to standard methods [33].
2.3.2. Photoautotrophic cultivation
As mentioned earlier, a photoautotrophic growth experiment in
HSM medium was also conducted for all three algae strains grown
under the low light condition of 10 μmol photons m−2 s−1 and under
identical conditions as used in mixotrophic cultivation described
above. Algal cell density was measured both as optical density (OD) at
750 nm (using a Tecan® 200 PRO reader (Männedorf, Switzerland))
and as dry cell weight. Cultivation of each algal strain was initiated in
duplicate with a starting OD at 750 nm of 0.1.
2.4. Photosynthetic oxygen evolution measurements
Rates of oxygen evolution, for WT, KO and IM cells, were measured
using a Clark-type oxygen electrode (Hansatech Instruments Limited).
Algae were cultivated in TAP medium under light intensity of
60 μmol photon m−2 s−1. Cells in the exponential growth phase (48 h
after inoculation) were used for these tests. Chlorophyll (Chl) concentration of samples was adjusted to 15 μg/ml, and then the samples
were suspended in 20 mM HEPES buffer (pH 7.4) before oxygen evolution measurements. Rates of oxygen evolution were measured as a
function of increasing light intensity using red LED light (peak intensity
at 650 nm): 0, 20, 200, 400, 600 and 800 μmol photons m−2 s−1,
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with each light intensity being maintained for 2 min during oxygen
measurements. Three separate cultures of each strain were used for
this experiment, and duplicate measurements were made for each culture replicate; thus, oxygen evolution data are presented as the average
of six measurements (n = 6). Oxygen evolution rates were then normalized based on Chl concentrations, and are reported as
μmol O2 mg Chl−1 h−1.
2.5. Chlorophyll a ﬂuorescence transient measurements
Chl a ﬂuorescence transients were measured at room temperature
(~ 21 °C) with a Handy PEA (Plant Efﬁciency Analyzer, Hansatech
Instruments Ltd.) by using a saturating excitation light (λ 650 nm) of
3000 μmol photons m− 2 s− 1 for 300 s. A Corning RG9 cut-off ﬁlter
was placed before the photodetector to avoid measuring the excitation
light (650 nm), and to measure Chl ﬂuorescence beyond 690 nm.
The algal cultures used in these experiments were grown in TAP
medium at either 20 μmol photons m− 2 s− 1 (low light) or
640 μmol photons m−2 s−1 (high light), and samples were taken from
the exponential growth phase (48 h after inoculation). Before ﬂuorescence measurements, cell suspensions were placed in ﬂasks, with stirring, under room illumination (~ 30 μmol photons m−2 s−1). Three
separate culture replicates of each strain were used for these
experiments, and triplicate measurements were made for each culture
replicate (n = 9). All algal samples were adjusted to have a Chl concentration of 15 μg/ml before measurements. These samples, suspended in
TAP medium, were dark adapted for 6 min prior to measurement of the
fast (up to 1 s) ﬂuorescence transients (labeled as OJIP transients, see
below), which were analyzed according to methods described in earlier
publications [34–37]. A number of ﬂuorescence parameters were
evaluated based on ﬂuorescence values measured at speciﬁc times on
the OJIP curves, where O (origin) is the initial minimum ﬂuorescence,
which is followed by a rise to inﬂection points J and I, and then ﬁnally
to the peak P [38]. Six ﬂuorescence values were used in this analysis:
Fo, at 0.02 ms; F(0.1), at 0.1 ms; F(0.3), at 0.3 ms; FJ, at 2 ms; FI, at
30 ms; and Fm (the maximum ﬂuorescence), at the P level [34].
(For an example of using Chl ﬂuorescence in biomass research, see
e.g., Toepel et al. [39])
2.6. Measurement of non-photochemical quenching (NPQ) of the excited
state of chlorophyll
A Pulse Amplitude Modulation (PAM) portable ﬂuorometer (PAM2100, Heinz Walz GmbH), in saturating pulse (SP)-mode, was used for
the evaluation of chlorophyll ﬂuorescence parameters associated with
the slow (up to minutes) ﬂuorescence induction. Chl a ﬂuorescence
was measured at room temperature (~21 °C), with a weak modulated
measuring light (~0.1 μmol photons m−2 s−1; λ = 650 nm, modulated
at 0.6 kHz). As noted above, Chl concentration in each sample was 15 μg/
ml before measurement. Cells of all three strains, IM, KO and WT (each
suspended in TAP medium) were placed in a chamber designed for PAM
ﬂuorescence measurements of liquid cultures, with automatic stirring
to prevent settling.
The following protocol was used for PAM measurements:
(1) Chlamydomonas cells were ﬁrst dark adapted for 5 min; (2) the
minimum level of ﬂuorescence, Fo, was then measured, after which a
saturating light pulse (8000 μmol photons m− 2 s− 1; λ = 665 nm,
modulation frequency of 20 kHz) was applied, leading to an increase
of ﬂuorescence yield up to its maximum value (Fm); (3) after ~ 40 s of
darkness, an actinic light (~600 μmol photons m−2 s−1; λ = 665 nm)
was turned on for 5 min, during which repeated pulses of saturating
light (at ~20 s intervals) were applied; at each light pulse, the ﬂuorescence increased to a value Fm′ (maximum ﬂuorescence in light); and
(4) the actinic light was turned off, and another train of saturating
light pulses at ~20 s or longer intervals was applied for 15 min.
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Non-photochemical quenching (NPQ) of the excited state of chlorophyll was calculated according to the following equation [40]: NPQ =
(Fm − Fm′) / Fm′, where, Fm′ is the maximum ﬂuorescence in light,
and Fm is the maximum ﬂuorescence in the dark-adapted sample.
Three independent cultures of WT, KO and IM cells were used for
these experiments, and triplicate measurements were made for each
independent culture (n = 9). For a detailed discussion on all aspects
of NPQ, see chapters in Barbara Demmig-Adams et al. (Eds.) [41].
2.7. Metabolite proﬁle analysis
Metabolite proﬁling of the IM and WT algal strains during exponential growth phase was conducted according to methods described
earlier [42–44]. Algal cells, collected during the exponential growth
phase under low light (20 μmol photons m−2 s−1) and high light
(640 μmol photons m−2 s−1), were ﬁrst lyophilized, and then metabolites were extracted from 25 mg of dried and homogenized cells, using
0.7 ml of ~ 100% methanol. The extraction mixtures were shaken on a
VSM-3 shaker (Pro Lab Plus Series, Pro Scientiﬁc Inc.) for 5 min, incubated at 67 °C for 5 min, vortex mixed and then centrifuged at 13,000 rpm
for 3 min. Supernatants were collected and kept at − 20 °C, and the
pellets were extracted a second time following the same procedure, except that the solvent used was 70% methanol (adjusted to ~ pH = 6.0
with 0.1 M HCl) and the extraction mixture was incubated at 45 °C for
5 min. Supernatants, obtained after a second extraction, were added
to the ﬁrst extracts and stored at − 20 °C. The pellets were extracted
in the same manner a third time using 0.6 ml chloroform and incubation
at 45 °C, and these extracts were added to the previous extracts, and
then the combined extracts were vacuum-dried, using a Savant
SpeedVac. The dried extracts were stored at −20 °C until derivatization
was performed. These dried extracts were then added to an internal
standard (10 mg ml−1 of hentriacontanoic acid in 10 μl of pyridine),
and vacuum dried. The metabolites were then derivatized using
methoxyamine hydrochloride, followed by trimethylsilylation with Nmethyl-N-(trimethylsilyl) triﬂuoroacetamide (ﬁnal volume, 150 μl)
and analyzed by gas chromatography–mass spectrometry (GC–MS), as
described previously [44]. ChemStation and Amdis software were
used for data acquisition and deconvolution of the chromatographic
peaks. Subsequently, extracted metabolites were identiﬁed by comparing their mass spectra with those available in several mass spectral
libraries (NIST05, Golm Metabolome Database; http://gmd.mpimpgolm.mpg.de/; and personal libraries). Information on the amount of
metabolites in different samples was based on their relative abundance
compared with the internal standards. Since all samples were prepared
using the same amount of biomass, extraction solvents and internal
standard, the results are normalized based on dry cell weight and can
be directly compared.
3. Results
3.1. Phototaxis behavior
All the tubes containing the WT strain clearly showed the dark line
indicative of negative phototaxis (i.e., swimming away from the light;
see Section 2.3.2). None of the KO or IM samples showed such a line
(see Supplementary material Fig. S1, for representative pictures of
results on phototaxis behavior). Thus, our experiments show that the
phototaxis defects of the KO progenitor, resulting from “knock out”
genetic manipulation, are indeed conserved in the spontaneous IM
mutant.
3.2. Cell growth under different light conditions
Fig. 2 shows growth curves for each of the three Chlamydomonas
strains used in this study in terms of dry cell weight. This ﬁgure includes
data for mixotrophic growth in TAP media under two low light
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Fig. 2. Dry cell weight growth curves of Chlamydomonas reinhardtii algae grown at 24 °C under ﬂuorescent light of three different light intensities for three different strains: wild-type
(WT), knock-out mutant (KO) and spontaneous mutant (IM). (A) 10 μmol photons m−2 s−1; TAP medium; (B) 20 μmol photons m−2 s−1; TAP medium; (C) 640 μmol photons m−2 s−1;
1; TAP medium; (D) 10 μmol photons m−2 s−1; HSM medium. Two culture replicates were used, and average values are plotted with error bars showing the standard deviation.

that the advantage of the IM strain, under low-light mixotrophic conditions, is probably primarily related to improved acetate metabolism.
3.3. Oxygen evolution
Fig. 3 shows net photosynthetic O2 evolution rates (Pn) as a function
of light intensity (Pn–E curves) for WT, KO and IM cells of C. reinhardtii
grown mixotrophically under 60 μmol photons m−2 s−1. The KO and IM
cells showed signiﬁcantly higher net O2 evolution rates than the WT
cells (see Table 1). The highest light intensity used in our experiment
(800 μmol photons m−2 s−1) resulted in maximum net O2 evolution
160
140
Net O2 Evolution Rate
(μmol O2 ·mg Chl-1· h-1)

intensities (10 and 20 μmol photons m−2 s−1) and one high (saturating) light intensity (640 μmol photons m−2 s−1). In addition, Fig. 2 presents a photoautotrophic growth curve for one low light intensity
(10 μmol photons m−2 s−1).
Under mixotrophic conditions, with a light intensity of
10 μmol photons m−2 s−1, all three Chlamydomonas strains reached
their maximum dry cell weight at 144 h of growth. At this time, the IM
strain had maximum dry cell weight of 433 mg/l, which was 27% higher
than that of the WT cells; however, KO and WT cells had an almost
identical maximum dry cell weight (Fig. 2A). At a light intensity of
20 μmol photons m−2 s−1 (Fig. 2B), the IM strain still showed slightly
higher maximum biomass production compared to other strains,
but the advantage was reduced. Speciﬁcally, the IM cells had a maximum
dry cell weight of 545 mg/l after 170 h of growth, which was 5%
higher than the maximum dry cell weight of WT cells (520 mg/l
after 119 h). This difference was statistically signiﬁcant (p value of
0.0377 in two tailed t-test). Finally, under our high light condition
(640 μmol photons m−2 s−1), all the samples (the IM, KO and WT
cells) showed very similar (no statistically signiﬁcant difference)
maximum biomass production after 147 h, as shown in Fig. 2C.
In order to determine if the advantage in biomass production under
low light conditions for the IM strain was primarily related to the presence of acetate in the growth medium or to their photosynthetic capacity, a photoautotrophic growth experiment with cells suspended in
HSM medium was also conducted under the low light intensity of
10 μmol photons m−2 s−1, the condition in which the IM strain showed
its biggest relative advantage for biomass production. As shown in
Fig. 2D, under purely photoautotrophic conditions, the WT cells actually
had the highest maximum biomass dry cell weight of 451 mg/l after
565 h, which was 67% higher than that measured in KO (270 mg/l),
and 52% higher than that in IM cells (297 mg/l). This result suggests
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Fig. 3. Net photosynthetic O2 evolution rate (Pn) as a function of light intensity (Pn–E
curves) for WT, KO and IM cells of Chlamydomonas reinhardtii cultured in TAP medium
under ﬂuorescent light of 60 μmol photons m−2 s−1, and collected during the exponential
growth phase. The light source was a red LED with a peak wavelength at 650 nm. Three
separate culture replicates were used and duplicate measurements were made for each
culture replicate (n = 6); results are presented as averages ± standard deviations.
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which allowed us to characterize PSII activity. Our results for KO and
IM cells show some similarities, but also some differences, in comparison to those for WT cells, grown under both low and high light
conditions, as discussed below.
The fast (up to 1 s) Chl a ﬂuorescence transients, as shown in Fig. 4A
and B, were normalized both at O (Fo) and P (Fm) levels to obtain the
relative variable ﬂuorescence, V(t) = (F(t) − Fo)/(Fm − Fo); this
double normalization allows us to compare ﬂuorescence transients
measured in different samples [35]. (The original data before
normalization are provided in Fig. S2 of the Supplementary data for
this paper.) Fig. 4A shows that, when grown under low light
(20 μmol photons m−2 s−1), the fast ﬂuorescence induction curves of
all three Chlamydomonas strains (i.e., WT, KO and IM) show three
characteristic phases, O–J, J–I, and I–P [50]. These OJIP curves have
quite similar shapes in all three samples, with only a slightly steeper
J–I rise and a slightly higher I level (~5–10%) in the curves for IM cells.
In order to highlight these differences, relative variable ﬂuorescence of
the WT cells was subtracted from that of the IM and KO cells [51] and
shown in Fig. 4C. Indeed, the curve (IM–WT) shows a clear difference
in the I-band.
For samples grown under high light (640 μmol photons m−2 s−1),
the J step in all Chl a ﬂuorescence curves is no longer discernible,
while the I and P steps are still clearly seen (see Fig. 4B). Differences
between the ﬂuorescence transients of Chlamydomonas strains grown
under high light (see Fig. 4D) were more noticeable than between
those grown under low light, both before and after normalization (see
Supplementary Fig. S2B for data before normalization). In particular,
the ﬂuorescence transients measured in KO cells showed a less steep
O–I ﬂuorescence rise and a lower I level (~ 15–20%) than in WT and

Table 1
Rates of photosynthesis and respiration, calculated from the Pn–E curves, of all three
Chlamydomonas strains (average values ± standard deviations for six replicate measurements) grown in TAP medium under 60 μmol photons m−2 s−1 light intensity.

Pmax, maximum net O2 evolution rate
(μmol O2 mg−1 Chl a h−1)
Rd, dark respiration rate
(μmol O2 mg−1 Chl a h−1)

WT

KO

IM

80.6 ± 7.5

134.1 ± 8.9

123.3 ± 25.4

25.0 ± 3.4

40.3 ± 8.7

35.2 ± 5.3

rates per chlorophyll (Pmax), which were approximately 1.5 times
higher in KO and IM cells than in WT cells.
Further, our measurements showed that KO and IM cells have 1.6
and 1.4 times higher dark respiration rates than the WT cells
(Table 1). As a general rule, the greater the metabolic activity of a photosynthetic organ or tissue, the higher its respiration rate [45]. Therefore, the KO and IM cells are very likely to have more active
metabolism than the WT cells.

3.4. Chlorophyll a ﬂuorescence transient
3.4.1. The fast (up to a second) chlorophyll a ﬂuorescence transient
Chl a ﬂuorescence induction data is a rapid, noninvasive, sensitive,
and accurate method that continues to be used in a large number of
photosynthesis studies [38,46–49]. Here we measured Chl a ﬂuorescence transients for each of the strains grown under mixotrophic conditions with saturating 650 nm light (3000 μmol photons m− 2 s− 1),
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Fig. 4. The fast chlorophyll a ﬂuorescence transient, up to 1 s, in WT, KO, and IM Chlamydomonas reinhardtii strains grown in TAP medium under ﬂuorescent light of
(A) 20 μmol photons m−2 s−1 (low light) or (B) 640 μmol photons m−2 s−1 (high light). Data were double normalized at Fo and Fm, and are presented on a logarithmic time scale in
the 0–1 s range; data points are averages of nine independent measurements. (C) and (D) Difference curves (IM–WT) and (KO–WT) of the respective ﬂuorescence transients shown in
panels (A) and (B). The symbol O (the origin) refers to the minimum ﬂuorescence, P (peak) to the maximum ﬂuorescence, and J and I are inﬂections between the two.
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IM cells. The reduced O–I ﬂuorescence rise for KO cells probably reﬂects
a smaller PSII antenna size [35]. The lower I level for KO is likely related
to a faster electron ﬂow from Q A- to PSI acceptors due to an increased
PSI/PSII ratio or a larger PSI antenna size [35,52,53].
Although many ﬂuorescence parameters have been deﬁned for the
analysis of the OJIP transient in the literature [36,48,54], we present
here only a few of the key ﬂuorescence parameters commonly used
for the characterization of photosynthetic samples (see Table 2).
3.4.1.1. Minimum (Fo), maximum (Fm), and variable (Fv) ﬂuorescence.
Both the initial ﬂuorescence (Fo) and maximum ﬂuorescence (Fm) had
relatively close values in the IM and KO strains grown under low light
(20 μmol photons m−2 s−1), and the differences between the WT cells
and the two mutants were less than 12.5% for Fo, and less than 16% for
Fm (see Table 2). Therefore, the Fv/Fm ratios (where Fv = (Fm − Fo) is
the maximum variable ﬂuorescence) were also very similar
(i.e., ~0.78) for all Chlamydomonas strains grown under low light and
mixotrophic conditions. The Fv/Fm ratio is widely used in photosynthetic
studies as a proxy for the maximum efﬁciency of PSII photochemistry
[55]; the rationale for this has been described, e.g., by Govindjee [56].
A higher Fv/Fm value (i.e., N0.76) is generally correlated with higher
photosynthetic performance [38], but only in the presence of similar
CO2 levels, and in the absence of alternative electron sinks. Even though
we found that IM and KO cells had a slightly higher maximum efﬁciency
of PSII photochemistry compared to WT cells (i.e., +1.2% and +1.9%, respectively), the difference between WT and KO cells for this parameter
was not statistically signiﬁcant according to the t-test, which had a p
value of 0.2751. However, the difference between the WT and the IM
was statistically signiﬁcant with a p value of 0.0022.
In contrast, Fo and Fm measured in samples grown under high light
showed much greater differences between the strains (see Table 2).
The KO strain had a very low Fo, which was the lowest among the
three strains, while the other two had higher Fo values. The Fo value in
the KO strain grown under high light was also lower (− 24%) than
those measured in low light grown cells, while the Fo values of WT
and IM strains grown under high light were higher than those in low
light grown cells (i.e., +74% and +37% for WT and IM strains, respectively). However, the slopes of the initial O–J ﬂuorescence rise
(see dV/dto values in Table 2) in WT and IM cells were higher than in
the KO cells. Further, the increased apparent Fo value, observed in our
data, is probably the result of a partial reduction of Q A even after the

dark adaptation period, due to a partially reduced PQ-pool [57]. We
note that the Fm values were much lower in cells grown in high light
than for cells grown under low light (see Table 2), especially in the KO
strain, which had the lowest Fo and Fm values. (For possible
explanations, see discussion elsewhere [35,58].) In all Chlamydomonas
cells grown under high light, the maximum quantum yield of PSII
photochemistry had lower values (less than 0.62; see Table 2). Our
data are in agreement with results obtained in other studies with
Chlamydomonas grown at different light intensities, which also showed
a reduction of Fv/Fm in high light compared to that in low light [59]. The
low Fv/Fm values measured in WT and IM cells (i.e., 0.4 and 0.57, respectively) may be partially due to a high apparent Fo value, as mentioned
above.
3.4.1.2. The ratios of Fv to Fo, and of Fo to Fm. The ratio Fv/Fo, a parameter
also used as an indicator of potential PSII photochemistry and CO2
ﬁxation capacity, was also higher in KO (+6.7%) and IM (+8.9%) cells
than in WT cells for samples grown under low light and mixotrophic
conditions.
Another important parameter is the ratio Fo/Fm, which is a measure of the efﬁciency of energy de-excitation in PSII, as Fo /F m =
k N / (k N + k P ), where k N is the global rate constant of all nonphotochemical de-excitation processes for Chl a in PSII antenna
(which includes ﬂuorescence, heat and energy transfer to another
PSII or PSI); and kP is the rate constant for photochemical deexcitation at the PSII reaction center level [35]. This parameter had fairly
similar values in all samples grown under low light, but was slightly
higher in the IM and KO cells (see Table 2). For cells grown under
high light, Fo/Fm ratios were signiﬁcantly higher than in the same cells
cultured under low light; however, in WT and IM cells these values
are probably overestimated due to a higher apparent Fo, as mentioned
above.
3.4.2. The slow phase of chlorophyll a ﬂuorescence transient (from 1 s to
300 s)
After the OJIP phase, Chl a ﬂuorescence declines to a semi-steady
state, the “S” level, and this is followed by a rise to an M (maximum)
level, which is followed by a decline to a terminal steady state level, T
[60,61]. Fig. 5 shows our ﬂuorescence data for the three
Chlamydomonas strains in TAP medium (grown under low light) during the SMT phase, which is in the range of minutes. We note that the

Table 2
Comparison of selected chlorophyll a ﬂuorescence parameters (see text for details) of the WT, KO and IM strains of Chlamydomonas reinhardtii for cultures grown in TAP medium under
ﬂuorescent lamps of two different light intensities (20 and 640 μmol photons m−2 s−1) and sampled during the exponential phase. Shown are averages ± standard deviations for at least
nine replicate measurements.
Fluorescence parameter
symbols

Fluorescence parameter description

Low light condition: 20 μmol photons m−2 s−1
Fo
Initial (minimum) Chl ﬂuorescence intensity
Maximum Chl ﬂuorescence intensity
Fm
Reﬂects maximum quantum yield of PSII photochemistry
Fv/Fm
Fv/Fo
The ratio of maximum variable (Fv = Fm − Fo) Chl ﬂuorescence
and initial ﬂuorescence
Fo/Fm
Reﬂects quantum yield of excitation energy dissipation
dV/dto
The initial slope of the double normalized (to Fo and Fm) Chl
ﬂuorescence transient
High light condition: 640 μmol photons m−2 s−1
Fo
Initial (minimum) Chl ﬂuorescence intensity
Fm
Maximum Chl ﬂuorescence intensity
Reﬂects maximum quantum yield of PSII photochemistry
Fv/Fm
The ratio of maximum variable (Fv = Fm − Fo) Chl ﬂuorescence
Fv/Fo
and initial ﬂuorescence
Fo/Fm
Reﬂects quantum yield of excitation energy dissipation
dV/dto
The initial slope of the double normalized (to Fo and Fm) Chl
ﬂuorescence transient

Wild-type
(WT)

Knock-out
mutant (KO)

Immortal
mutant (IM)

(KO-WT)/WT

(IM-WT)/WT

217 ± 34
954 ± 185
0.77 ± 0.01
3.37 ± 0.2

244 ± 19
1115 ± 75
0.78 ± 0.02
3.60 ± 0.49

235 ± 9
1097 ± 69
0.79 ± 0.01
3.67 ± 0.24

12.5%
16.0%
1.2%
6.7%

8.3%
15.0%
1.9%
8.8%

0.23 ± 0.01
0.684 ± 0.01

0.22 ± 0.02
0.71 ± 0.08

0.21 ± 0.01
0.73 ± 0.02

−4.0%
4.5%

−6.3%
6.2%

377 ± 58
626 ± 35
0.40 ± 0.08
0.69 ± 0.23

185 ± 6
490 ± 37
0.62 ± 0.04
1.66 ± 0.26

322 ± 10
754 ± 85
0.57 ± 0.05
1.34 ± 0.25

−50.9%
−21.7%
55.1%
139.3%

14.5%
20.4%
41.8%
93.4%

0.60 ± 0.08
0.41 ± 0.09

0.38 ± 0.04
0.19 ± 0.02

0.43 ± 0.05
0.34 ± 0.03

−36.8%
−54.7%

27.9%
16.3%

Relative variable Chl a fluorescence
Vt=(Ft-Fo)/(Fm-Fo)
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1.2

(State 1) (see Discussion section); this speculation for the SM rise is
based on the observations of Kaňa et al. [62] on the absence of this
rise in a Synechocystis mutant (Rpa C−) that is locked in State 1, and
those of Kodru et al. [63] on drastically reduced S–M rise in the stt7 mutant of C. reinhardtii, which is also locked in State 1 [64]. Further research
is needed to fully understand the implications of this observation.
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Fig. 5. The slow chlorophyll a ﬂuorescence transient, up to 5 min, of three
Chlamydomonas reinhardtii strains (WT, KO, and IM) grown in TAP medium under
20 μmol photons m−2 s−1 ﬂuorescent light. Data were double normalized at Fo
(O level) and at Fm (P level) and are presented as the average values of at least nine
independent measurements. The symbol S refers to semi-steady state level, M to another
maximum (appearing at longer time than P) and T refers to a terminal steady state.

IM strain did not show a S–M ﬂuorescence rise, in contrast to the KO and
WT strains; this suggests that the IM strain may have a reduced capacity
to go from a low ﬂuorescence state (State 2) to a high ﬂuorescence state

A

The non-photochemical quenching (NPQ) of the excited state of Chl
a is a process that down-regulates excitation pressure in the photosynthetic apparatus by increasing de-excitation, as heat, of the singlet
excited state of Chl a (see Demmig-Adams et al. [41,65]), in parallel
with a decrease in Chl a ﬂuorescence yield. We present and discuss
here results on the kinetics of NPQ induction and its relaxation, as
obtained by using a PAM instrument (Walz) for the three different
Chlamydomonas strains grown and tested under mixotrophic conditions (TAP medium), using both low light (20 μmol photons m−2 s−1;
Fig. 6A) and high light (640 μmol photons m−2 s−1; Fig. 6B). Our data
show that the maximum ﬂuorescence values (Fm, Fm′) in samples
grown under low light were signiﬁcantly higher than those grown
under high light. This agrees with the ﬂuorescence results presented
in Table 2, obtained with a HandyPea instrument (Hansatech).
As shown in Fig. 6C, WT cells, grown under low light conditions, had
biphasic NPQ induction kinetics, with the ﬁrst phase characterized by a
fast NPQ increase that reached a maximum, and then slightly decreased
to a plateau in the second phase after approximately 100 s of
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Fig. 6. Chlorophyll a ﬂuorescence data obtained with Pulse Amplitude Modulation (PAM) instrument (Walz) in saturated pulse mode for three Chlamydomonas strains (WT, KO and IM)
grown in TAP medium under ﬂuorescent lamps of (A) low light (20 μmol photons m−2 s−1) and (B) high light (640 μmol photons m−2 s−1); (C) Nonphotochemical quenching (NPQ)
kinetic curves obtained using the data shown in (A); and (D), NPQ kinetic curves obtained using the data shown in (B). Data points are averages of nine independent measurements
and normalized at the “O” level (Fo). During the 5 min “Light” period, samples were illuminated with 665 nm actinic light (~600 μmol photons m−2 s−1) and 665 nm saturating pulses
(8000 μmol photons m−2 s−1) every 20 s, or longer (time sequence of these light pulses is shown in the lower part of each panel). The actinic light was turned off during the 20 min
“Dark” relaxation period, but the samples still received the series of saturating light pulses.
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3.6. Metabolite proﬁling
Since differences in cellular activity other than photosynthesis were
suspected of being affected in IM cells, we performed metabolite
proﬁling analysis to obtain insight into the complex regulatory
processes and to better understand the reasons behind the
higher biomass production in the IM cells grown under low light.
The metabolite proﬁling revealed some potentially advantageous
differences in IM cells over WT cells grown mixotrophically in TAP
medium under both low and high light conditions. Fig. 7 shows a
comparison of the relative quantities of some selected metabolites
produced in WT and IM cells during the exponential growth phase
under both low light (20 μmol photons m−2 s− 1) and high light
(640 μmol photons m−2 s−1) (see Table S1 in the Supplementary data
for a more complete list of metabolic compounds measured).
First, the IM cells grown under low light showed increased quantities of several important metabolites related to carbon metabolism.
For instance, under 20 μmol photons m−2 s− 1, IM cells had higher
amounts of key sugars including ribose, fructose, maltotriose and
glucose than WT cells (1.3–11.5 fold higher). In addition, IM had more
sugar phosphates such as fructose-6-phosphate and mannosephosphate (2.4 and 7.2 fold higher than WT, data not shown). However,
under high light (640 μmol photons m−2 s−1), these sugars and sugar
phosphates were at much lower levels in the IM cells (0.2–1.2 fold)
compared to the WT cells, as shown in Fig. 7A.
Under low light, IM cells also had much higher levels of key organic
acids than the WT cells, such as glyceric acid, gluconic acid and malic
acid (3–24 fold higher); however, under high light, these metabolites
were at much lower levels (0.3–0.9 fold) compared with the WT cells,
as shown in Fig. 7A. Since these sugars and organic acids are either photosynthetic products or intermediates during carbon metabolism [67]
that are closely related to energy production in photosynthesis, we suggest that the high level of these key sugars and acids in IM cells under
low light conditions could be related to the advantageous biomass production of IM cells observed under low light conditions, and grown
under mixotrophic conditions (see Fig. 2).
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illumination with actinic light. On the other hand, IM and KO mutant
cells had NPQ that increased steadily through the actinic illumination
period, but at a slower rate initially than in the WT cells. At the end of
the illumination period, NPQ in the IM cells had a signiﬁcantly higher
value than in both the WT and KO cells. After the actinic light was turned
off, the NPQ continued to increase in all samples (but to a much lesser
extent in the IM cells), and reached maximum values at 80 s, 200 s
and 400 s for IM, KO and WT cells, respectively (see Fig. 6C). The WT
cells reached the highest NPQ value, but it was close to the maximum
NPQ level for the IM cells. During the NPQ relaxation process that
followed, the most dramatic difference between these samples was
that NPQ in the IM cells decreased much faster, and reached a much
lower value than in the KO and WT cells. For all three strains, the ﬂuorescence recovery was still not complete at the end of the measurement,
indicating that the cells were somewhat photoinhibited, and/or some
other NPQ process characterized by slow dark recovery was present
[66], but the IM cells had signiﬁcantly better dark NPQ recovery than
the WT and KO strains.
The NPQ kinetics for Chlamydomonas cells grown under high light
(Fig. 6D) showed similar biphasic NPQ induction patterns in all the
three strains, with a rapid NPQ increase, followed by a plateau, but the
KO strain reached a higher NPQ value than the IM and WT strains. We
note, however, that the NPQ in the WT strain decreased transiently
after 100 s actinic illumination. After the actinic light was turned off,
the NPQ in WT and KO continued to increase for 50 s and 150 s, respectively (see Fig. 6D), but it did not increase in IM cells. After reaching the
peak, NPQ gradually relaxed in all three strains, but only in IM cells, it
recovered completely during the dark (relaxation) period.
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Fig. 7. Comparison of key metabolites for (A) carbon metabolism and (B) oxidative
stress protection for IM and WT cultures grown in TAP medium, sampled during the
exponential phase under ﬂuorescent light of two different intensities: low light (LL, 20μmol photons m−2 s−1) and high light (HL, 640 μmol photons m−2 s−1) conditions.
Relative quantities were calculated as the ratio of metabolite levels in IM cells to the levels
in WT cells. Three biological replicates and three analytical replicates were averaged in this
analysis (n = 9). Statistically signiﬁcant metabolite differences are denoted with a “*”
(p b 0.05) or “**” (p b 0.01) in t-test. N.D. indicates not detected.

Another interesting observation is that, when cultivated under high
light conditions, IM cells showed much higher levels of compounds involved in oxidative stress protection compared to WT cells. These compounds include osmolytes, antioxidants (mannitol [68,69], inositol [70,
71], β-tocopherol [72,73]) and sterols (stigmasterol [74], campesterol
[74] and beta-sitosterol [75,76]), all of which have protective function
against various environmental stresses. We postulate that the upregulation of these protective compounds in IM cells could be a metabolic response to compensate for the defects of phototaxis and
photoshock response in IM cells, which were inherited from the parent
KO mutant. These protective compounds may have helped the IM cells
to maintain their photosynthetic capacity and may have contributed
to its higher rate of O2 evolution under high light conditions. Some
other potentially beneﬁcial metabolites found to be up-regulated in
IM cells include plant hormones like salicylic acid [77,78] and gibberellic
acid [79], which have been previously reported to increase photosynthetic efﬁciencies and promote growth in many algal species including
Chlorella vulgaris and C. reinhardtii [80,81].
4. Discussion
4.1. Phototaxis behavior
Our results (Section 3.1; and Supplementary material) show that
the phototaxis defects in KO cells are conserved in the IM cells. This
was to be expected, since the integration of exogenous DNA in
Chlamydomonas cells by insertional mutagenesis (as used to create
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the progenitor KO strain) is usually associated with deletion of part of
the chromosome at the insertion site, and therefore, it is very unlikely
that any subsequent mutation would restore the deleted gene in its
original form (see [28] for additional details).
4.2. Cell growth under different light intensities
As seen in Fig. 2, and as expected, all of the strains had
a lower maximum biomass production when grown in low
light (10–20 μmol photons m − 2 s − 1 ), compared to high light
(640 μmol photons m − 2 s− 1 ) growth conditions. This is obvious
because of more energy input, without any signiﬁcant amount of
photoinhibition [82]. Further, Ballottari el al. [83] have shown that
high light conditions result in more Rubisco (ribulose—1,5bisphosphate carboxylase/oxygenase), the key enzyme of the
Calvin–Benson cycle, than at low light. Moreover, in C. reinhardtii
cells grown photoautotrophically under high light, a decrease in
the ratio of PSI/PSII (due to a decrease in PSI), and an increase in
Cyt b6/f and ATP synthase have been observed [59] (see Fig. 1).
The growth experiment also showed that, under very low light, and
under mixotrophic conditions, the IM strain had a very clear advantage
compared to WT and KO, (i.e., 27% increased dry biomass; see Fig. 2A). It
is well-known that in C. reinhardtii cells grown under mixotrophic
conditions, both photosynthetic assimilation of inorganic carbon and
heterotrophic assimilation of acetate contribute to biomass production.
However, we note that the ability of acetate to induce isocitrate lyase,
the key glyoxylate cycle enzyme necessary for its utilization, is attenuated in the presence of light and inorganic carbon, so that acetate
assimilation could contribute more to biomass production than photosynthesis under lower irradiance. We note that Heifetz et al. [84]
have shown that the photosynthetic fraction of carbon biomass
of Chlamydomonas can be less than 3% under low light conditions
(b 25 μmol photons m−2 s−1) when cultivated on solid medium. Thus,
we suggest that an enhanced acetate assimilation in the IM strain may
be one of the most important reasons for the better biomass production
by IM in comparison to WT and KO strains. Indeed, as shown in Fig. 2D,
IM cells, grown under 10 μmol photons m−2 s−1, completely lost their
advantage in the absence of acetate (grown in HSM medium), while
WT cells showed an increased biomass production compared to IM
(by 52%) and KO (by 67%). It is highly likely that the results obtained
under photoautotrophic conditions may be due to a higher photosynthesis capacity in the WT strain in the absence of acetate, since acetate
is known to affect negatively the photosynthetic activity in
Chlamydomonas [84].
From the perspective of large-scale algal biofuel production, the
growth of algae in the presence of organic carbon is highly important,
especially to facilitate integration with wastewater treatment systems,
as discussed earlier. Therefore, we consider it to be very important to
characterize specialized strains of algae, such as our Chlamydomonas
IM mutant, which can enhance biomass production in mixotrophic
wastewater applications, which then supports the goal of using wastewater for large-scale algal cultivation.
4.3. Oxygen evolution
We note that results of oxygen measurements, as presented in Fig. 3,
cannot be exactly correlated with the growth data in both mixotrophic
and photoautotrophic conditions, since the algae were cultured under
different light conditions (60 versus 10–20 μmol photons m− 2 s− 1).
Moreover, rates of O2 evolution cannot always be strictly correlated
with growth rates or biomass productivity in Chlamydomonas mutants,
as is already known [17,85,86]. Even so, oxygen evolution is an important product of photosynthesis, and our results show signiﬁcant differences for both IM and KO cells in comparison to the WT cells, as was
consistently observed when cells were exposed to a wide range of
light intensity levels during these tests.
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4.4. Fluorescence based measurements
4.4.1. The fast chlorophyll ﬂuorescence transient
C. reinhardtii cells, grown under low light (20 μmol photons m−2 s−1),
showed quite similar fast Chl a ﬂuorescence transient curves (Fig. 4A)
among the three strains, and therefore ﬂuorescence parameters also
had similar values (see Table 2). However, there were subtle differences:
the IM strain had a slightly higher I level (Fig. 4A and C). Usually, the J–I
phase is correlated with the redox status of the PQ-pool, which typically
has 6–12 PQ molecules per PSII that shuttle electrons between PSII and
PSI via cytochrome b6/f [87,88] (see Fig. 1, and a discussion of the evolution of the Z-scheme of electron transport by Govindjee and Björn [89]).
The increased I level observed in the IM cells, compared to KO and WT
cells, suggests a potentially slower oxidation rate of plastoquinol
(PQH2) by PSI due possibly to a decreased PSI/PSII ratio in the IM cells
(see discussion in Stirbet et al. [57]; Oukarroum et al. [52]; and Ceppi
et al. [53]). Further, the IM strain showed higher Fv/Fm and Fv/Fo ratios
compared to WT and KO strains, which may indicate a slightly better photosynthetic capacity (CO2 ﬁxation). However, considering all the data, reported in this paper, we suggest that other processes besides
photosynthesis must have contributed to the increased growth performance observed in the IM mutant cells grown under a light intensity of
10 μmol photons m−2 s−1 (see Fig. 2A). Indeed, as discussed earlier,
data on growth in HSM medium, without acetate and under this low
light intensity, suggest that the IM advantage was most likely due to enhanced acetate assimilation compared to KO and WT.
In samples grown under high light (640 μmol photons m−2 s−1), we
observed clear differences in fast Chl ﬂuorescence transient curves
(Fig. 4B and D), and their respective ﬂuorescence parameters
(Table 2). All these samples had lower Fm, Fv/Fm, Fv/Fo, and OJ rise initial
slopes, compared to those grown under low light, which may be partially due to photoinhibition. However, for KO cells, the initial slope of the
OJ rise, as well as both Fo and Fm had much lower values than in any
other sample, which may indicate a low PSII excitation cross section [34]
and low ﬂuorescence state; thus we propose that this sample likely had
a State 1 to State 2 transition (high to low ﬂuorescence) in darkness,
which has also been observed under similar conditions by Allorent
et al. [58].
4.4.2. The slow chlorophyll ﬂuorescence transient
Kana et al. [62] have proposed that the S to M ﬂuorescence rise
observed under certain conditions in the slow (seconds to minutes)
Chl ﬂuorescence transient may be used to evaluate regulatory mechanisms such as state changes in cyanobacteria; also see Kodru et al. [63]
for the same conclusion in Chlamydomonas. We note that state changes
(i.e., State 1 ↔ State 2) are regulatory mechanisms that optimize photosynthesis by adjusting the amount of excitation energy delivered by
antenna pigments to PSII and PSI reaction centers under changing
light regimes and/or metabolic needs [90–94]. In Chlamydomonas,
state changes are different than in plants because they can involve detachment of a higher proportion of LHCII trimers from the PSII antenna
(70–80% versus 10–15% in plants, see Delosme et al. [95]). However,
only ~ 10% of these are actually incorporated in PSI antenna, and the
rest form arrays that quench the Chl a excited state [96,97]. Therefore,
in Chlamydomonas, the State 1 to State 2 transition seems to play an
important role for short term (minutes) protection under high light
conditions, which may compensate for the much slower (hours) nonphotochemical (NPQ) response in these algae as compared to plants
[58,97,98]. Furthermore, state changes in Chlamydomonas were also
found to coincide with changes in the ratio between cyclic and linear
electron ﬂow, and thus, the ATP/ADP ratio in cells [94,99].
Fig. 5 shows that the SM rise in the slow Chl ﬂuorescence transient of
the IM cells, grown in TAP medium, is absent. We speculate that similar
to the RpaC− mutant of Synechocystis PCC6803 [62] and stt7 mutant of
C. reinhardtii [63] (as mentioned earlier), the IM strain may have a reduced capacity to perform state changes under our experimental
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conditions, even if other processes may also contribute to the SM phase
(see a discussion in Stirbet et al. [57]). This hypothesis is also supported
by the results for NPQ kinetics in Chlamydomonas cells as discussed
below.
Since the IM mutant is not yet genetically characterized, we do not
have a clear explanation for its possible lower ability to perform state
changes, as suggested by our ﬂuorescence measurements. This may be
due to a mutation affecting genes directly related to state changes, or
it could be related to factors that inﬂuence the PQ pool redox state,
which regulates the induction of state changes via Cyt b6f (see
e.g., [63] for further discussion). However, our growth experiments
under photoautotrophic conditions without acetate present showed
that the biomass production in IM and KO cells grown under low light
(10 μmol photons m− 2 s− 1) is lower than in the WT cells. Thus, we
propose that an enhanced acetate metabolism (that keeps the PQ pool
in a more reduced state; see Fig. 1) may be the most likely cause for a
reduced capacity of the IM cells to perform state transitions.
4.4.3. Non-photochemical quenching kinetics
Several types of NPQ have been identiﬁed [see e.g., [100–102] for a
background and mechanisms of NPQ in Chlamydomonas], each one
characterized by a particular kinetic behavior: pH-dependent (qE)
[103–105], state change-dependent (qT) [90], and photoinhibitiondependent (qI) [106]. However, we note that qT in most plants is not
a true NPQ process because it does not involve changes in the rate constants of the de-excitation processes of singlet excited Chl a, but rather
only changes in the antenna size of the two photosystems [90,93].
However, in Chlamydomonas, during State 1 to State 2 transition, part
of mobile phosphorylated LHCII trimers was shown to form arrays in
the membrane, in which nonphotochemical quenching (of qE type)
takes place [107,108], as mentioned above.
The qE quenching is the most rapid component of NPQ and is triggered by a pH gradient (ΔpH) that builds-up across the thylakoid membrane (see Fig. 1). Therefore, qE is affected by all processes that
inﬂuence ΔpH, including ATP synthase activity, the linear and PSIdependent cyclic electron transport ﬂow, and ATP and NADPH
consumption by the Calvin–Benson cycle (see Fig. 1). However, in contrast to higher plants, qE in Chlamydomonas is not dependent on the
presence of PsbS [109], but on other proteins, such as Light-Harvesting
Complex Stress-Related proteins (e.g., LhcSR1 and LhcSR3), which can
sense pH changes and, unlike PsbS, can also bind pigments (Chl a and
b, violaxanthin, zeaxanthin, and lutein) [110–112].
We note that in contrast to higher plants, even under saturating
light, Chlamydomonas cells have a higher contribution of state 1 to
state 2 transition and photoinhibition, rather than qE, for the lowering
of ﬂuorescence intensity, independent of the growth light intensity
[113].
The results of PAM experiments showed complex NPQ kinetics, both
in samples grown under low light and high light conditions (Fig. 6C and
D). Speciﬁcally, our results show that among the three strains of
C. reinhardtii cells, grown in low light, the NPQ increased to the highest
level in IM (most likely due to the qE component): the NPQ developed
by the IM cells at the end of the illumination with actinic light was
twice as high as NPQ in WT and KO strains (Fig. 6C), and IM had a faster
and more complete recovery in darkness. We suggest that the higher
NPQ level observed in IM cells is mainly related to its capacity to induce
an increased ΔpH across the thylakoid membrane [93], which is most
probably due to its enhanced acetate metabolism compared to WT
and KO cells. Indeed, the presence of acetate, which increases the production of reducing power in the mitochondria (see Fig. 1), has been
known to have an impact on the redox state of plastoquinones [114].
Surprisingly, we also observed that after the actinic light was switched
off, the NPQ continued to increase for 1–2 min in all these samples, before dark relaxation took place. However, in IM cells the NPQ increase
ﬁnished much sooner and was very small compared to that in the WT
and KO cells, which more than doubled their NPQ values reached during

actinic illumination (see Fig. 6C). A possible explanation of NPQ increase
taking place after the actinic light was turned off, may be the induction
of a state transition, as noted by Allorent et al. [58]; indeed, they had also
measured an increase in NPQ during the dark relaxation period in WT
cells of C. reinhardtii, which was correlated with an increase in LHCII
phosphorylation, and thus to a State 1 to State 2 transition. Further, as
shown in Fig. 6C, at the end of the dark relaxation period, the IM cells
attained a lower NPQ level than WT and KO, which implies that they
might be better protected against photoinhibition.
In cells grown under high light, KO reached a higher NPQ level
during actinic illumination than WT and IM cells. However, in all likelihood, a large part of this NPQ in WT and KO cells was not of the qE type,
since their dark relaxation was only partial, and we know that qE is fully
reversible in darkness; in contrast, the NPQ recovered completely in the
IM cells. Since qE is dependent on the accumulation of LhcSR proteins,
these results suggest that Chlamydomonas cells grown under high
light conditions may have higher levels of LhcSR proteins than those
grown under low light, which offers a higher degree of photoprotection
[96,111]. Other explanations are also possible for higher NPQ (that is
lower ﬂuorescence), such as quenching by higher [H +] due to
increased ΔpH (see e.g., Ref. [84]), which in IM strain, as explained earlier, can be the result of its increased acetate metabolism. In samples
grown under high light, we also observed a transient NPQ increase
after the actinic light was turned off, but it was much smaller than in
samples grown in low light, and mainly in the WT cells. The fact that
the NPQ increase during the dark relaxation period was much lower
in IM cells (both in cells grown in low and high light conditions; see
Fig. 6C and D) supports our suggestion that IM cells may have reduced
state transition capacity in comparison to WT and KO cells. As discussed
above, since the biomass advantage of the IM cells, grown in low light in
TAP medium, was lost in HSM medium, when WT cells showed a higher
biomass production than IM and KO cells (Fig. 2D), we suggest that the
reduced capacity for state changes of the IM strain, if it exists, is probably due to a mutation enhancing acetate related cellular processes.
It is important to note that in WT cells grown in high light (and to a
lesser extent for cells grown in low light), ﬂuorescence showed a transient increase after ~100 s actinic illumination (Fig. 6), similar (even if
smaller) to the SM rise shown in Fig. 5. Such a transient ﬂuorescence increase was also reported by Allorent et al. [58] during actinic illumination in WT Chlamydomonas cells that were initially in State 2; this
ﬂuorescence increase was assigned to a State 2 to State 1 transition,
because it was absent in the stt7–9 mutant (locked in State 1); further,
the phosphorylation level of LHCII was shown to decrease upon illumination. Since this transient ﬂuorescence recovery, and the SM rise
observed in Fig. 5, are related phenomena, our results, as well as those
presented by Allorent et al. [58], strongly support our hypothesis that
SM rise in the OJIPSMT transient reﬂects a State 2 to State 1 change.
In summary, results of our NPQ kinetics experiments may be
interpreted to mean that WT cells might have undergone a State 2 to
State 1 transition during actinic illumination, and a State 2 to State 1
transition after the actinic light was switched off. As compared to WT
and KO, IM cells showed the highest NPQ level at the end of illumination; this was especially true when cells were grown under low light,
and are characterized by fast recovery of NPQ in darkness. Further,
these IM cells seem to be better protected against photoinhibition
(especially when grown under high light), but are probably less capable
of undergoing state transitions, compared to WT and KO cells. We
assume that these differences between the IM and KO and WT strains
may have their origin in its enhanced acetate assimilation in IM, as
suggested by comparing the growth curves under mixotrophic and
photoautotrophic conditions (see Section 4.2).
4.5. Metabolite proﬁling
The metabolite proﬁling results of the IM strain showed some
advantages over the WT strain in terms of metabolites related to carbon
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metabolism when grown under low light conditions, which, as
suggested earlier, may be related to better acetate assimilation. Under
high light conditions, the IM advantages changed to enhanced production of metabolites that mitigate oxidative stress. However, the signaling and regulatory mechanisms of the IM strain mutation leading to
these potentially beneﬁcial alterations in carbon metabolism and stress
responses are unclear. In addition, it is unknown at this time whether
these metabolite effects are a result of the knocked-out gene in the KO
parent strain, or if they are a result of further mutations in the IM strain.
Further molecular studies are necessary to identify the genetic basis of
the differences observed in this study. In addition, global gene expression patterns, when available, would provide useful information for
linking the function of the metabolic network with gene expression.
5. Concluding remarks
Our growth curve data suggest that the IM cells are more efﬁcient
than the WT cells in terms of biomass production when grown under
low light and mixotrophic conditions, which is potentially a very
valuable feature for algal biofuel production. Mass algal production
involves optically dense cultures, where most of the cultivation reactor
space is likely to be light limited, which would normally result in
reduced or arrested cell growth. For example, one previous study with
dense cultures (1 g/l), found that 80–95% of the light path was severely
light limited [9]. In cases where light is limiting, it would likely be
advantageous to use algal strains, such as the IM cells reported here,
that have improved biomass production under low light conditions.
This feature may also make the IM strain a good candidate for outdoor
algae cultivation systems that depend on natural light and experience
highly dynamic incident photon irradiance conditions as a result of
variations in solar elevation, cloud cover, and even rain. Low light
requirements for photosynthesis also allow a longer period of biomass
production and therefore an improved overall biomass production.
It is interesting to note that, under 60 μmol photons m− 2 s− 1 in
mixotrophic cultivation condition, although both KO and IM cells
show higher O2 evolution rate than WT cells, only IM cells showed an
obvious advantage in biomass production under low light conditions.
Generally, oxygen evolution rate can be used as an indicator of photosynthetic capacity because oxidation of water provides the primary
source of reducing equivalent (water derived electrons and protons)
and, ultimately ATP, which is used later for the conversion of CO2 into
biomass [115]. Therefore, high O2 evolution rates would normally be
correlated with high photoautotrophic biomass production in algal
cells. However, when some other metabolic process downstream of
the light reactions (e.g., dark reactions, starch synthesis or cell division)
act as a rate limiting step, the O2 evolution rate may not directly or accurately reﬂect the growth rate/biomass productivity. Several other
studies [17,85,86] have reported C. reinhardtii mutants with reduced
or increased O2 evolution rate but unaffected biomass growth compared
to wild type cells. However, results obtained in growth and Chl a
ﬂuorescence experiments suggest that it is quite possible that the differences between the two mutant strains (KO and IM) and the WT when
grown under very low light are mainly related to their dissimilarities
in other cellular processes such as acetate assimilation, starch synthesis
and consumption, or regulation of cell division. The involvement of
these mechanisms is to be expected, as the IM cells display better cell
growth primarily under low light, and during the exponential growth
phase, when the cell division rate and biomass production rate are high.
Highlights of our research
We have discovered that a spontaneous mutant (that we refer to as
IM) of the green alga C. reinhardtii (that has kept the phototaxis defects
of its progenitor KO) exhibits certain unique biophysical and biochemical characteristics, which are potentially advantageous for biofuel production systems in comparison to its progenitor KO strain and WT
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cells. When cultivated mixotrophically, IM cells have increased biomass production (5%–27% higher than in WT and KO) under low
light intensities (10–20 μmol photons m−2 s−1), but they do not show
any productivity advantages under high light conditions
(640 μmol photons m−2 s−1). However, IM did not show this advantage
when cultivated photoautotrophically under 10 μmol photons m−2 s−1
light intensity, which suggests that the acetate metabolism
is enhanced in this mutant. Both IM and KO cells grown under
60 μmol photons m−2 s−1 showed approximately 1.5 fold increase in
O2 evolution rate over a large range of light intensities (20–
800 μmol photons m−2 s−1) as compared to WT cells. Slow chlorophyll
a ﬂuorescence transient, the SMT phase, indicates that the IM cells grown
under low light intensity (20 μmol photons m−2 s−1) may be less able to
undergo state changes when grown (and/or re-suspended) in TAP
medium; however, we speculate that they can, perhaps, develop a
higher pH-dependent non-photochemical quenching of the Chl a excited states (qE) than the WT and KO cells, as affected by the presence of acetate. Overall, these results indicate that IM cells are
advantageous in biomass production under low light and
mixotrophic conditions, which is potentially a valuable feature for
large-scale algal biofuel production, where light-limiting reactor
conditions are expected. Additionally, in comparison to WT cells,
metabolite proﬁling analysis showed that the IM cells had higher
concentrations of important soluble carbohydrates and organic
acids that are closely related to carbon metabolism when cultivated
under low light. Under high light, IM did not have increased carbon
metabolites, but higher levels of metabolites that can protect against
oxidative damage (see the above discussion and Fig. 7).
These unique attributes are promising and suggest that further
molecular, physiological and metabolic studies on these mutants are
justiﬁed to help better elucidate these distinctive characteristics.
Ultimately, metabolic and genetic engineering could be used to transfer
desirable features into other algae to improve the efﬁciency of algal biofuel production systems [5,116], as well as other algal biochemical
manufacturing platforms (such as recombinant proteins, including
various antioxidants, hormones) for industrial, nutritional and medical
uses [117, 118].
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